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The pathways responsible for cell wall polysaccharide biosynthesis are vital in eukaryotic microorganisms.
The corresponding synthases are potential targets of inhibitors such as fungicides. Despite their fundamental
and economical importance, most polysaccharide synthases are not well characterized, and their molecular
mechanisms are poorly understood. With the example of Saprolegnia monoica as a model organism, we show
that chitin and (133)-�-D-glucan synthases are located in detergent-resistant membrane microdomains
(DRMs) in oomycetes, a phylum that comprises some of the most devastating microorganisms in the agricul-
ture and aquaculture industries. Interestingly, no cellulose synthase activity was detected in the DRMs. The
purified DRMs exhibited similar biochemical features as lipid rafts from animal, plant, and yeast cells,
although they contained some species-specific lipids. This report sheds light on the lipid environment of the
(133)-�-D-glucan and chitin synthases, as well as on the sterol biosynthetic pathways in oomycetes. The
results presented here are consistent with a function of lipid rafts in cell polarization and as platforms for
sorting specific sets of proteins targeted to the plasma membrane, such as carbohydrate synthases. The
involvement of DRMs in the biosynthesis of major cell wall polysaccharides in eukaryotic microorganisms
suggests a function of lipid rafts in hyphal morphogenesis and tip growth.

A number of oomycete species are plant or animal patho-
gens responsible for severe environmental damage and eco-
nomic loss (44). For instance, members of the genus Phytoph-
thora can infect woody plants in natural ecosystems (32), as
well as a wide range of agriculturally important plants such as
potato, tomato, and soybean (19). Some of the most devastat-
ing fish pathogens also belong to the oomycete phylum (69). A
typical example is Saprolegnia parasitica, a microorganism en-
countered worldwide in freshwater habitats, where it repre-
sents a serious threat to natural populations of salmonids (30,
69). Losses in the aquaculture industry due to oomycetes are
estimated at tens of millions of dollars annually (27). In the
southeastern United States, catfish farmers have reported
losses due to S. parasitica to be as high as 50% during winter
(12). Until recently, saprolegniosis, the group of diseases
caused by Saprolegniales, was contained by using malachite
green. However, this substance has been classified as a class II
health hazard and banned for all food applications due to its
mutagenic and carcinogenic effects and because of the persis-
tence of one of its metabolites, leucomalachite green, in fish
tissues (57). A recrudescence of saprolegniosis is observed
worldwide as a consequence of the absence of other efficient
inhibitors of proliferation of oomycetes. Thus, the develop-

ment of alternative strategies to tackle pathogenic oomycetes
has become a priority for the aquaculture industry.

Biochemical pathways that are not present in the host fishes
and that play a central role in such vital processes as the
morphogenesis and growth of oomycetes are potential targets
for novel specific inhibitors. Typical examples are the biosyn-
thetic pathways of cell wall polysaccharides and their corre-
sponding enzymes. The potential of targeting such enzymes is
illustrated by the current use of efficient herbicides directed
toward plant cellulose synthases (61). However, the design of
efficient inhibitors specific for polysaccharide synthases de-
pends on the characterization of the molecular mechanisms of
these enzymes. A crucial step that needs to be achieved is the
identification of all of the protein components of the synthase
complexes. Of particular importance is the characterization of
the (133)-�-D-glucan and cellulose synthases, which catalyze
the formation of the most abundant cell wall polysaccharides in
oomycetes. The isolation of these enzymes has been particu-
larly challenging because of their location in the plasma mem-
brane and their inherent instability upon extraction with de-
tergents. Even in the case of (133)-�-D-glucan synthase, which
is the most stable of these two enzymes, a portion only of the
activity originally present in total membranes can be solubi-
lized efficiently (16). In addition, while detergent-insoluble
membranes retain a high glucan synthase activity, the activity
recovered in detergent extracts usually drops within a few
hours, thus complicating enzyme purification (16). Altogether,
these observations suggest that the (133)-�-D-glucan synthase
is essentially located in membrane structures that are resistant
to detergents. Consistent with this hypothesis, we report here
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the isolation and characterization of detergent-resistant mi-
crodomains (DRMs) from the plasma membrane of the oomy-
cete Saprolegnia monoica and biochemical evidence that these
structures contain (133)-�-D-glucan and chitin synthases but
no detectable cellulose synthase activity. Our report provides
insight on the lipid environment of the (133)-�-D-glucan and
chitin synthases in oomycetes and sheds light on the reason
why it is difficult to obtain a complete solubilization of these
enzymes in a stable and active form. Interestingly, the DRMs
from S. monoica exhibit similar biochemical features as lipid
rafts from animal (66), plant (6, 39, 49, 56), and yeast (34) cells.
The involvement of raft-like structures in cell wall polysaccha-
ride biosynthesis is a novel concept that suggests a function of
rafts in mycelial morphogenesis and growth.

MATERIALS AND METHODS

Reagents. UDP-D-[U-14C]glucose (�300 mCi mmol�1) and UDP-N-acetyl-D-
[U-14C]glucosamine (288 mCi mmol�1) were obtained from Perkin-Elmer.
[U-13C]glucose was from Cambridge Isotope Laboratories. The Bradford re-
agent (8) was from Bio-Rad, and Dextran T500 from Amersham Biosciences.
The (133)-�-D-glucanase from Trichoderma sp. was purchased from Megazyme,
and the recombinant cellulases Cel 6A and Cel 6B from Thermobifida fusca
expressed in Escherichia coli were a generous gift from D. B. Wilson (Cornell
University). All other reagents were purchased from Sigma-Aldrich.

Strain and growth conditions. The strain S. monoica Pringsheim 53-967 Dick
was obtained from the Centraal Bureau voor Schimmel Culture (Baarn, The
Netherlands) and maintained on potato dextrose agar in 9-cm petri dishes. The
mycelium used for all experiments was grown for 3 days at 24°C in 100 ml of
liquid medium of Machlis (43) in 140-mm petri dishes. Each dish was inoculated
with 30 agar plugs of �5 mm cut from cultures on potato dextrose agar.

Isolation of plasma membranes. Cells grown in liquid medium from 12 petri
dishes were harvested, washed with water, and dried under vacuum on filter
paper. All of the following steps were performed at 4°C. The cells were homog-
enized in extraction buffer (10 mM Tris-HCl [pH 7.4]) using a Waring blender
(total of four periods of 10 s at maximum speed separated by rest periods of 2
min to maintain the sample temperature in the range 4 to 8°C). Cell debris, cell
walls, nuclear fractions, vacuoles, and other intracellular compartments of a high
density were pelleted by low-speed centrifugation (10 min at 5,000 � g) and
discarded. The supernatant was centrifuged at 50,000 � g for 1 h to sediment the
total cell membranes, which were subsequently resuspended in 5 mM potassium
phosphate buffer (pH 7.5) containing 0.33 M sucrose, 0.1 mM EDTA, and 0.5
mM dithiothreitol (DTT). The final protein concentration in the membrane
suspension was adjusted to 5 mg ml�1 by addition of an adequate volume of
resuspension buffer. Plasma membranes were then purified by two-phase parti-
tioning essentially as described earlier (38), except for the following modifica-
tions. The two-phase system was composed of 6% (wt/wt) dextran T500, 6%
(wt/wt) polyethylene glycol 3350, 5 mM KCl, 0.33 M sucrose, 0.1 mM EDTA, 0.5
mM DTT, and 5 mM potassium phosphate buffer (pH 7.5) (all of these are final
concentrations). The plasma membranes obtained by repeating the phase parti-
tioning three times were washed and resuspended in extraction buffer. The purity
of the plasma membranes was assessed by measuring the activity of enzymatic
markers of endoplasmic reticulum (cytochrome c reductase) (9), mitochondria
(cytochrome c oxidase) (9), and plasma membrane [(133)-�-D-glucan synthase]
(24).

Preparation of detergent-resistant membranes (DRMs). Proteins in the
plasma membranes were assayed and diluted in extraction buffer containing
Triton X-100 in order to obtain a final concentration of 1% (wt/wt) detergent and
a weight ratio of Triton to protein of 13. Membranes were solubilized at 4°C for
30 min and centrifuged at 120,000 � g for 35 min at the same temperature. The
pellets containing the nonsolubilized membranes were then resuspended in ex-
traction buffer and diluted with extraction buffer containing 80% (wt/wt) sucrose
to reach a final concentration of 42% (wt/wt) sucrose. The sample was layered
under a 26-ml linear sucrose gradient (20 to 40%) in extraction buffer and
centrifuged at 250,000 � g for 20 h at 4°C. The protein concentration, carbohy-
drate synthase activities, and density were determined in 1-ml fractions collected
from the bottom of the gradient tube.

Solubilization of the (133)-�-D-glucan synthase activity from DRMs. Purified
DRMs were diluted twice in a solution of �-methylcyclodextrin in order to obtain
the final concentrations indicated in Fig. 3. The samples were incubated at 25°C

for 30 min and centrifuged at 120,000 � g for 35 min at 4°C. The supernatants
were removed and the pellets were washed with 10 mM Tris-HCl buffer (pH 7.4)
and resuspended in the same buffer. The (133)-�-D-glucan and chitin synthase
activities were measured as described below in the fractions before centrifuga-
tion, as well as in the pellets and supernatants.

Assay of carbohydrate synthase activities. (133)-�-D-Glucan synthase activity
was measured by mixing 1 volume of enzyme fraction with 2.7 volumes of the
reaction mixture in order to obtain final concentrations of 8 mM PIPES-Tris (pH
6.0), 10 mM cellobiose, 1.3 mM DTT, 1 mM UDP-glucose, and 0.16 �M UDP-
D-[U-14C]glucose. The samples were incubated at 25°C for 1 h, and the reaction
was terminated by adding 2 volumes of ethanol. After an overnight precipitation
at �20°C, insoluble polysaccharides were recovered on Whatman GF/C glass-
fiber filters and successively washed with water and 66% ethanol. The radioac-
tivity retained on the filters was detected by liquid scintillation (Wallac Win-
Spectral 1414 counter). Chitin synthase was measured as described earlier (23)
by mixing 1 volume of enzyme fraction with 3 volumes of reaction mixture. The
final concentrations were 10 mM Tris-HCl (pH 7.4), 10 mM MgCl2, 20 mM
N-acetylglucosamine, 1.25 �g of trypsin ml�1, 0.5 mM UDP-N-acetylglu-
cosamine, and 434 nM UDP-N-acetyl-D-[U-14C]glucosamine. The reaction was
stopped by adding 5 volumes of ethanol. Precipitation of the newly synthesized
polysaccharides and liquid scintillation counting were performed as for the assay
of (133)-�-D-glucan synthase.

Enzymatic hydrolysis of the polysaccharides synthesized in vitro. After in
vitro synthesis of polysaccharides under the conditions described above, the
radioactive insoluble polymers were pelleted by centrifugation at 10,000 � g for
15 min at 4°C, washed in hydrolysis buffer (50 mM sodium acetate buffer [pH
5.5]), and resuspended in 100 �l of the same buffer. Hydrolyses were performed
for 20 h in the presence of 0.5 U of chitinase ml�1 from Serratia marcescens
(Sigma) at 25°C (1 U releases 1.0 mg of N-acetyl-D-glucosamine from chitin per
h at pH 6.0 at 25°C) or 0.4 U of (133)-�-D-glucanase ml�1 at 40°C (1 U releases
1 �mol of Glc from laminarin per min at pH 4 at 40°C) or 75.5 mU of cellulase
Cel 6A ml�1 and 30 �U of cellulase Cel 6B ml�1 at 50°C (1 U releases 1 �mol
of cellobiose from cellulose swollen in phosphoric acid per min at pH 5 at 50°C).
Controls were performed in the same conditions but in the absence of hydrolytic
enzyme. The reactions were stopped by adding 2 volumes of ethanol to the
mixtures. After 1 h at �20°C the insoluble nonhydrolyzed polysaccharides were
recovered on glass-fiber filters, and the corresponding radioactivity was mea-
sured by liquid scintillation as described above. The specificity of each hydrolytic
enzyme preparation was verified on well-characterized polysaccharides (cellulose
from Gluconacetobacter xylinus, curdlan [(133)-�-D-glucan] from Agrobacterium
spp., and chitin from crab), and each hydrolase was found to be active only on its
specific substrate (not shown).

13C-NMR spectroscopy. 13C-enriched polysaccharides were synthesized in
vitro by the DRMs obtained from one sucrose gradient. The conditions were as
described for the assay of (133)-�-D-glucan synthase activity except for the use
of 13C-enriched UDP-glucose (UDP-D-[U-13C]glucose, 1 mM) that was synthe-
sized enzymatically (42) and used as described earlier for polysaccharide char-
acterization (20). The insoluble products were collected by centrifugation at
5,000 � g for 10 min at 4°C, purified (54), freeze-dried, and dissolved in
(CD3)2SO. 13C-nuclear magnetic resonance (NMR) spectra were recorded by
using a Brucker spectrometer operated at 300 K and 75.5 MHz. The central peak
of the (CD3)2SO multiplet (39.5 ppm) was used as a reference.

TEM. The (133)-�-D-glucan and chitin synthesized in vitro by DRMs were
purified (54) and observed by transmission electron microscopy (TEM) on car-
bon-coated copper grids. TEM observations were performed at the Centre Tech-
nologique des Microstructures (University of Lyon, Lyon, France) and at the
Research Institute for Sustainable Humanosphere (University of Kyoto, Japan)
using a Philips CM120 and a JEOL-2000EXII microscope, respectively. Speci-
mens were negatively stained with a solution containing 4% uranyl acetate and
1% trehalose and observed under an accelerating voltage of 100 kV.

Preparation of lipid fractions. Lipids were extracted as described elsewhere
(5). Plasma membranes or DRMs were first heated at 100°C for 5 min in order
to denature lipases and preserve the lipids. Volumes (3.75) of chloroform-
methanol (1:2) were added to 1 volume of sample. After homogenization and
incubation of the mixture at room temperature for 20 min, the insoluble material
was pelleted at 450 � g for 10 min at 17°C and used for a second extraction
performed in the same conditions. The supernatants from the two extractions
were pooled and mixed with 2.5 volumes of water and 2.5 volumes of chloroform.
After a vigorous homogenization, the mixture was centrifuged at 450 � g for 10
min at 17°C and the chloroformic phase containing the lipids was recovered and
dried under nitrogen. Phospholipids were then solubilized in chloroform and
assayed (67). Glycerophospholipids were methanolyzed by incubation of the total
lipids at 70°C for 30 min in 1.5 M KOH in methanol. The hydrophobic products
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were recovered in the chloroform phase after acidification by addition of HCl
and phase separation in chloroform/methanol (final conditions: chloroform-
methanol-water [1:1:0.9]).

Lipid analysis by TLC. Lipids were analyzed by one-dimensional thin-layer
chromatography (1D-TLC) on silica gel 60 plates using a two-solvent system.
Development was performed first to half the height of the plate in ethyl acetate–
propanol–chloroform–methanol–0.25% (wt/vol) aqueous KCl (25:25:25:10:9)
and then to three-quarters the height of the plate in hexane-diethyl ether-acetic
acid (75:21:4). For detailed identification, lipids were separated by 2D high-
performance TLC (2D-HPTLC) using a CAMAG horizontal developing cham-
ber. The developing solvent used for the first dimension was chloroform-meth-
anol-NH4OH (65:25:5), whereas the second dimension was developed in
chloroform-acetone-methanol-acetic acid-water (30:40:10:10:5). For quantitative
analysis, the lipids separated by 1D-TLC were stained by rapidly immersing the
plate in a solution containing 10% (wt/vol) CuSO4 and 8% (vol/vol) H3PO4 and
subsequently heating it at 180°C. The plate was then scanned by using a CAMAG
II TLC scanning densitometer. Quantification was performed by comparing the
intensities of the spots present in the samples to standard curves obtained from
the migration of known quantities of lipid standards on the same plate. For the
detection of the lipids containing amino groups, the plates were sprayed with a
solution containing 0.25% ninhydrin in acetone-dimethylpyridine (9:1) and
heated at 100°C.

Fatty acid analysis by GC. Total lipids were separated by 1D-TLC as described
above and stained by spraying the plate with a solution of 0.02% (wt/vol) dichlo-
rofluorescein in 95% methanol. The spots corresponding to the poorly resolved
glycerophospholipids (phosphatidylcholine [PC], phosphatidylserine [PS], phos-
phatidylinositol [PI], lysophosphatidylethanolamine [LPE], and lysophosphati-
dylcholine [LPC]) on one hand and the spot corresponding to phosphatidyleth-
anolamine (PE) on the other hand were scraped and transesterified at 100°C for
90 min in 250 �l of toluene-methanol (40:60) and 250 �l of BF3 in 14% meth-
anol. The reaction was stopped in ice by adding 1.5 ml of 10% K2CO3, and fatty
acid methyl esters were extracted with 2 ml of isooctan. The derivatives were
analyzed by gas chromatography (GC) using an Agilent Technologies chromato-
graph (model 6890) fitted with a BPX 70 fused silica capillary column (60 mm by
0.25 mm [inner diameter], 0.25-�m film thickness; SGE Europe, Ltd., France).
The oven temperature was set at 80°C for 1.5 min and increased to 150°C at 20°C
min�1 and then to 250°C at 2°C min�1. The temperature was maintained at
250°C for 10 min before returning to the initial conditions. Helium was used as
the carrier gas at 1 ml min�1. The temperatures of the split/splitless injector and
the flame ionization detector were set at 230 and 280°C, respectively.

GC-mass spectrometry (MS) analysis of sterols. The sterol spots were scraped
from dichlorofluorescein-stained TLC plates. The sterols were eluted from the
silica powder by incubation in 0.5 ml of chloroform-methanol (2:1). The super-
natant was recovered, the solvent was evaporated, and the products were sily-
lated in 100 �l of N,O-bis(trimethylsilyl)trifluoroacetamide (BSTFA) for 30 min
at 60°C before analysis by GC-MS in a Hewlett-Packard quadrupole mass spec-
trometer interfaced with a Hewlett-Packard gas chromatograph (Les Ullis,
France). The gas chromatograph was equipped with a DB-17MS fused-silica
capillary column (60 m by 0.25 mm [inner diameter], 0.25-�m film thickness;
Agilent Technologies), which was held at 57°C. The oven temperature program
consisted of 5 min at 57°C, followed by an increase of temperature to 200°C at
40°C min�1, an increase to 310°C at 10°C min�1, and a final step at 310°C for 20
min. The interface, injector, and ion source were kept at 280, 280, and 150°C,
respectively. The electron energy was set at 70 eV and helium was used as the
carrier gas. The electron multiplier voltage was set at 1,400 V. Mass spectra were
acquired from 100 to 600 Da using the electron impact ionization mode. Sterols
were identified by comparison of their retention times and mass spectra to those
of commercial standard sterols silylated in the conditions described above and
quantified using their total ion current signals.

2D-PAGE analysis and protein identification by MS. The protein profile of the
DRM fraction was analyzed by 2D polyacrylamide gel electrophoresis (PAGE)
as detailed below. Some of the 2D gels used for protein identification, and all MS
analyses were performed by the company Innova Proteomics (Rennes, France)
as described elsewhere (17). Before performing 2D PAGE analyses, sucrose was
eliminated from the gradient fractions by dialysis against 10 mM Tris-HCl buffer
(pH 7.4). Proteins were precipitated at �20°C for 15 min in the presence of 2
volumes of absolute ethanol and washed once with 66% ethanol. The resulting
pellet containing a theoretical amount of 100 �g of total protein was dissolved in
denaturing buffer consisting of 5 M urea, 2 M thiourea, 2% Zwittergent 3-10, 2%
CHAPS {3-[(3-cholamidopropyl)-dimethylammonio]-1-propanesulfonate}, and
20 mM DTT. The samples were then loaded onto Ready Strip IPG (Bio-Rad)
strips (7 or 11 cm, linear or nonlinear pH gradient in the range 3 to 10 or 5 to 8),
and the gels were actively rehydrated in the sample at 50 V and 20°C for 10 h.

Isoelectric focalization was performed using the Protean IEF cell from Bio-Rad
and the following steps: 250 V for 15 min, from 250 to 6,000 V in 150 min, and
6,000 V for 6 h. Strips were successively incubated for 20 min in a reducing buffer
(6 M urea, 2% sodium dodecyl sulfate [SDS], 0.375 M Tris-HCl [pH 6.8], 20%
glycerol, 130 mM DTT) and in an alkylating buffer which had the same compo-
sition as the reducing buffer, except for the replacement of DTT by 135 mM
iodoacetamide, and the addition of 0.01% bromophenol blue. Equilibrated strips
were placed on top of SDS–10% PAGE gels and overlaid with 0.5% agarose in
SDS running buffer. After electrophoresis, 2D gels were silver stained (48).
Individual spots were then excised from the gel and subjected to fingerprint
analysis by MS after hydrolysis with trypsin (17). For several proteins of interest,
de novo sequencing of some of the trypsic peptides was performed by tandem
MS analysis (17). Peptide fingerprints and sequences were used for protein
identification through searches in all available public sequence databases, includ-
ing oomycete EST databases (22; http://www.oomycete.org; http://www.pfgd
.org/) and draft genome databases of Phytophthora species (68; http://genome.jgi
-psf.org/), using the Mascot (55; http://www.matrixscience.com/) and BLAST (1;
http://www.ncbi.nlm.nih.gov/BLAST) search tools.

RESULTS

(133)-�-D-Glucan and chitin synthases are located in
DRMs. Plasma membranes were prepared by two-phase par-
titioning in an aqueous system consisting of polyethylene glycol
and dextran as detailed in Materials and Methods. The upper
phase contained 70% of the (133)-�-D-glucan synthase activ-
ity that was originally present in the total cell membranes
(Table 1) as opposed to only 4.5 and 0.9% for cytochrome c
oxidase and cytochrome c reductase, respectively. These data
indicate a clear enrichment of plasma membranes in the upper
phase, as expected. In addition, a significant increase in the
(133)-�-D-glucan synthase specific activity was observed in the
upper phase compared to the total cell membranes, whereas
the specific activities of the mitochondrial and endoplasmic
reticulum markers decreased (Table 1). No better enrichment
of plasma membranes could be obtained with any of the other
conditions tested for two-phase partitioning. Thus, upper
phases prepared as described in Materials and Methods were
used as a starting material for the isolation of DRMs. For this
purpose, the enriched plasma membranes were solubilized by
1% Triton X-100, and the resulting DRMs were purified by
flotation in a linear sucrose gradient in which they were visible
as a translucent band coinciding with the major peak of protein
at a density of 1.14 to 1.16 (Fig. 1). The DRMs were clearly
separated from a second peak of protein corresponding to the
pellet of the gradient (Fig. 1). Interestingly, the detectable
chitin and (133)-�-glucan synthase activities obtained after
flotation of the Triton-treated plasma membranes were almost
entirely present in the peak of protein corresponding to the

TABLE 1. Purification of plasma membranes by two-phase partitioning

Enzymatic marker(s)

Sp act (nmol min�1 mg of
protein�1) � SD in: % in plasma

membranes
� SDTotal cell

membranes
Plasma

membranes

Cytochrome c reductase
(endoplasmic reticulum)

340 � 21 24.2 � 3.9 0.9 � 0.6

Cytochrome c oxidase
(mitochondria)

137 � 23 19.2 � 8.6 4.5 � 2.7

Glucan synthase
(plasma membrane)

1.9 � 0.47 14.4 � 2.5 70.5 � 6.7

Proteins 11.8 � 3.2
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DRMs (Fig. 1). This represented averages of 72% (71.9% �
2.7%) and 60% (59.6% � 5.3%), respectively, of the total
chitin and (133)-�-glucan synthase activities originally present
in the plasma membranes. These data demonstrate a clear
specific enrichment of both carbohydrate synthases in DRMs
since an average of only �14% (13.9% � 3.1%) of the total
protein originally present in the plasma membranes was recov-
ered in the DRM peak. The proportions of carbohydrate syn-
thases recovered in the DRMs are most likely underestimated
since these enzymes, particularly the (133)-�-glucan synthase
activity, is partially inhibited upon incubation in the presence
of Triton X-100 (data not shown).

The polysaccharides synthesized in vitro by the plasma mem-
branes and DRMs were first characterized by using glycoside
hydrolases, as detailed in Materials and Methods. Nearly 100%
of the polysaccharides synthesized in vitro by the plasma
membranes and DRMs using radioactive UDP-N-acetylglu-
cosamine were hydrolyzed by chitinase, showing that the
newly synthesized carbohydrates corresponded to chitin (Fig.
2A). This result not only confirms the previous finding that
oomycetes contain chitin synthase activity (15, 23) but it also
demonstrates the occurrence of chitin synthase in DRMs.
When the in vitro synthesis was performed in the presence of
14C-labeled UDP-glucose, no chitin was synthesized by the
plasma membrane and DRMs fractions, as expected (Fig. 2A).
The action of the (133)-�-D-glucanase showed that the poly-
saccharides synthesized in these conditions were (133)-�-D-
glucans. However, the polysaccharides were not completely
hydrolyzed: the percentage of hydrolysis reached up to 45% in
the case of the polysaccharides synthesized by the plasma
membranes and up to 80% for the (133)-�-D-glucan synthe-
sized by the DRMs (Fig. 2A). This can be explained by the fact
that the action of (133)-�-D-glucanase is dependent on the
crystallinity of the polysaccharides, the more crystalline poly-
saccharides being more resistant to the action of hydrolytic

enzymes (54). Thus, the results presented in Fig. 2A suggest
that the degree of crystallinity of the (133)-�-D-glucan syn-
thesized by the DRMs is lower than that of the polysaccharide
synthesized by plasma membranes. The structure of the
(133)-�-D-glucan synthesized in vitro by the DRMs was con-
firmed by 13C-NMR spectroscopy (Fig. 2B). The substrate
used for in vitro synthesis was uniformly enriched in 13C
(UDP-[U-13C]glucose) to facilitate product characterization
by 13C-NMR spectroscopy (20). The resonance signals ap-
peared as doublets or triplets due to homonuclear C-C cou-
pling in the fully 13C-enriched polysaccharide (Fig. 2B). The
spectrum is characteristic of a strictly linear (133)-�-D-glucan
for which resonance peaks are expected at 61.0, 68.5, 72.9, 76.4,
86.3, and 103.1 ppm for C6, C4, C2, C5, C3, and C1, respec-
tively (33, 54, 62). It is comparable to those obtained for well-
characterized (133)-�-D-glucans (33, 62) and for in vitro
(133)-�-D-glucans synthesized by enzymes from S. monoica
(54) and plants (14, 36, 37).

The use of specific cellulases showed that some cellulose
was synthesized in vitro by the plasma membranes, but no
incorporation of radioactive glucose into cellulose was ob-
served in the case of the purified DRMs (Fig. 2A). This
observation suggests that the cellulose synthase complex is
not located in DRMs, as opposed to (133)-�-D-glucan and
chitin synthases. Alternatively, the absence of detectable
cellulose synthase activity in DRMs might be due to a spon-
taneous inactivation of the highly unstable cellulose syn-
thase machinery (18, 36) or to its inhibition by Triton X-100
during the preparation of DRMs.

The (133)-�-D-glucan synthesized by the DRMs exhibits a
microfibrilar morphology typical of (133)-�-D-glucans of a
high-molecular-weight (Fig. 2C). In particular its morphology
is similar to that of in vitro synthesized (133)-�-D-glucans of a
degree of polymerization of about 20,000 (54). The chitin syn-
thesized in vitro also consisted of microfibrils (Fig. 2D). These
results suggest that the purified DRMs contain all of the pro-
teins required for polymerization and assembly of (133)-�-D-
glucan and chitin into microfibrillar structures. Thus, DRMs
represent an ideal starting material for the identification of all
of the components of the carbohydrate synthase complexes.

The use of �-methylcyclodextrin, which specifically interacts
with sterols (47), showed that it is possible to release in an
active and soluble form the (133)-�-D-glucan synthase from
purified DRMs. Increasing levels of activity were recovered in
the supernatants obtained after incubation of the purified
DRMs with increasing concentrations of �-methylcyclodextrin
in the range from 0 to 80 mM (Fig. 3A). Higher concentrations
of �-methylcyclodextrin inactivated the enzyme (Fig. 3A). In-
terestingly, chitin synthase remained in an insoluble form after
incubation of the DRMs with 0 to 100 mM �-methylcyclodex-
trin (Fig. 3B). As for (133)-�-D-glucan synthase, inhibition of
chitin synthase was observed when using �-methylcyclodextrin
at concentrations higher than 100 mM (Fig. 3B). Altogether,
these results suggest that (133)-�-D-glucan synthase interacts
with sterols within DRMs, while chitin synthase occurs in a
different lipid environment either within the same population
of DRMs or within a different one.

Lipid analyses of the purified DRMs. Qualitative and semi-
quantitative lipid analyses revealed that the glycerophospholipid
profile of the DRMs was simpler than that of the plasma mem-

FIG. 1. Purification of DRMs by flotation in sucrose gradient. Af-
ter solubilization of plasma membranes by Triton X-100, the insoluble
material was layered under a linear 20 to 40% sucrose gradient and
ultracentrifuged (see Materials and Methods). Two peaks of protein
were observed, one corresponding to DRMs (fractions 5 to 8) and the
other corresponding to a pellet containing high-density structures not
solubilized by Triton X-100 (fraction “0”). Chitin and (133)-�-D-
glucan synthase activities were assayed in each fraction of the gradient.
They are expressed as nmol of GlcNAc incorporated into chitin per ml
of fraction in 1 h and as �mol of Glc incorporated into (133)-�-D-
glucan per ml of fraction in 1 h, respectively.

VOL. 75, 2009 LIPID RAFTS AND GLYCAN SYNTHASES IN SAPROLEGNIA 1941



branes (Fig. 4). In particular, 2D-HPTLC analyses of total lipids
showed that the purified DRMs contained hardly any PI, PS,
LPE, and LPC as opposed to plasma membranes (Fig. 4B). In
addition, the amount of PC and, to a lower extent, of PE was
significantly lower in the DRMs compared to the plasma mem-
branes (Fig. 4B). Most saturated fatty acids such as myristic and
palmitic acids were predominant in the glycerophospholipids iso-
lated from the DRMs, whereas the glycerophospholipids from the
plasma membranes were composed of a higher proportion of
unsaturated fatty acids such as, for example, oleic, linoleic, and
arachidonic acids (Fig. 4C and D). The percentage of total satu-
rated fatty acids in the glycerophospholipids from the plasma
membranes was of 35%, as opposed to 65% in the DRMs.

The relative proportion of sphingolipids and sterols was

clearly higher in DRMs than in the plasma membranes com-
pared to total glycerophospholipids (Fig. 4A and B and Fig. 5).
Sphingolipids were unequivocally distinguished from phospho-
lipids by their resistance to mild alkaline methanolysis (50)
(Fig. 4A, and compare Fig. 4B, lower panel, with Fig. 4E). The
DRMs were found to be greatly enriched in a sphingolipid
identified as ceramide phosphorylethanolamine by comparing
its chromatographic mobility with a commercial standard and
by staining with ninhydrin, which specifically detects free
amino groups (Fig. 4A, B, and E and data not shown). To our
knowledge, this unusual sphingolipid has been reported in
total cellular lipid extracts only in a few eukaryotic microor-
ganisms, which are all oomycete plant pathogens, but its sub-
cellular location has never been determined (50).

FIG. 2. Analysis of the polysaccharides synthesized in vitro by membrane fractions. (A) Polysaccharides synthesized by plasma mem-
branes (�) or DRMs (u) in the presence of either UDP-N-acetyl-[14C]glucosamine (UDP-GlcNAc) or UDP-[14C]glucose (UDP-Glc) were
hydrolyzed by specific glycoside hydrolases. Chi, chitinase; 133, (133)-�-D-glucanase; 134, cellulase mixture. The percentage of hydrolysis
was determined by liquid scintillation counting as described in Materials and Methods. (B) 13C-NMR analysis in (CD3)2SO of the
polysaccharides synthesized by DRMs in the presence of 13C-enriched UDP-glucose. The spectrum is characteristic of a linear (133)-�-
D-glucan. (C) Transmission electron micrograph of the (133)-�-D-glucan synthesized in vitro by DRMs incubated in the presence of
UDP-glucose. The sample was negatively stained with 4% uranyl acetate. (D) Same as in panel C, but in the case of chitin synthesized in
vitro in the presence of UDP-GlcNAc.
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The ratios of total sterols to glycerophospholipids and pro-
teins were higher in the DRMs than in the plasma membranes
(Fig. 5). Both types of membranes contained at least four
different sterols. Three of them—cholesterol, 24-methylene-
cholesterol, and fucosterol—were unequivocally identified by
GC-MS (Fig. 6). A fourth sterol corresponding to peak 4 in
Fig. 6A could not be identified. The relative proportion of each
sterol within the total sterol fraction from DRMs is presented
in Fig. 6B. Fucosterol was by far occurring in the highest
proportion, representing 50% of the total sterols in DRMs
(Fig. 6B). Identical relative proportions as shown in Fig. 6B
were measured in the case of the plasma membranes (not
shown).

Identification of proteins in DRMs. Proteins from the puri-
fied DRMs were separated by 2D PAGE, stained with silver,
and subjected to de novo sequencing by tandem MS and pep-
tide fingerprint after trypsin digestion. Searches in the oomy-
cete EST databases (22) and in the draft genome databases of
Phytophthora species (68) were performed. This allowed the
identification of some of the most abundant proteins in the
preparation.

The most abundant proteins in the purified DRMs were
located in three different areas of the 2D gels, corresponding
to apparent molecular masses of 30 to 35, 55, and 66 kDa (see
Fig. S1 in the supplemental material). When a higher amount
of total protein was loaded on the gel (250 �g instead of 100

�g), numerous additional spots were easily distinguishable
while the abundant proteins in the 30- to 35-, 55-, and 66-kDa
areas were detected as horizontal smears (see Fig. S1B in the
supplemental material). Thus, the gel presented in Fig. S1A in
the supplemental material was used for identification of
the major proteins, whereas the one shown in Fig. S1B in the
supplemental material was used for analysis of some of the
less-abundant proteins. None of the analyses performed al-
lowed the identification of peptides arising from (133)-�-D-
glucan and chitin synthases. This is most likely due to the fact
that these proteins contain multiple transmembrane domains
and exhibit high molecular masses, which seriously challenges
their recovery in 2D gels [200 kDa for all known (133)-�-D-
glucan synthases (see for instance reference 11) and 98.5 kDa
for the chitin synthase from S. monoica (52)]. Indeed, the
proteins detected on 2D gels in amounts allowing peptide
fingerprint analyses or de novo sequencing exhibited a maxi-
mum apparent molecular mass of �70 kDa (see Fig. S1 in the
supplemental material).

Proteins exhibiting heterogeneous apparent isoelectric points
and corresponding to the A and B subunits of V-ATPase were
clearly identified by peptide fingerprint with 26 to 36% se-
quence coverage (see Table S1 in the supplemental material).
Two other well-conserved proteins, actin and a protein belong-
ing to the heat shock protein 70 (Hsp70) family, were identified
in the DRMs with 38 and 24% sequence coverage, respectively
(see Table S1 in the supplemental material). The protein pro-
file of the 30- to 35-kDa area of the 2D gels was rather complex
(see Fig. S1 in the supplemental material). Peptide fingerprint
analysis clearly showed that three of the most abundant pro-
teins in this area correspond to isoforms of a 35-kDa annexin
(see Fig. S1A and Table S1 in the supplemental material),
which is an activator of the (133)-�-D-glucan synthase from S.
monoica (accession no. DQ323662) (7). In addition, the fol-
lowing peptides arising from the trypsic digest of each isoform
showed 100% identity with segments of the 35-kDa annexin:
GIGTDEYGLSAAIVR, KLLQLLAQPLEDAEALIVR, SLF
SEIRGETSGDYGK, QFQNDLVVVLADDLSGDLK, and
FYLAIVNQMAQPYNPAIHTQA. Attempts to identify addi-
tional proteins using MS approaches were unsuccessful essen-
tially because the sequences obtained were tentative or con-
tained tags that were too short to be exploited for protein
identification. In several instances, especially for some of the
minor silver-stained spots, the amount of protein recovered
from the 2D gels was a limiting factor. The analyses based on
peptide fingerprint and de novo sequencing were complicated
by the fact that the only databases available for Saprolegniales
are partial EST databases (22). Protein identification using the
Phytophthora genome databases (68) was possible for proteins
exhibiting well-conserved sequences only (see Table S1 in the
supplemental material).

DISCUSSION

Oomycetes have long been considered as a separate class
within the kingdom Fungi, but they are in fact taxonomically
unrelated to true fungi and belong to the stramenopile eukary-
otic kingdom, which includes heterokont algae and water
molds (4, 35, 44, 53). We demonstrate here for the first time
the existence of DRMs in the plasma membrane of a stram-

FIG. 3. Solubilization of (133)-�-D-glucan and chitin synthase ac-
tivities from DRMs. DRMs were incubated with various concentra-
tions of �-methylcyclodextrin, and the samples were centrifuged at
120,000 � g for 35 min at 4°C. The (133)-�-D-glucan (A) and chitin
(B) synthase activities were measured in the pellets (u) and superna-
tants (f), as well as in the samples before centrifugation (�).

VOL. 75, 2009 LIPID RAFTS AND GLYCAN SYNTHASES IN SAPROLEGNIA 1943



FIG. 4. Lipid analyses of plasma membranes and DRMs. (A) The lipids from plasma membranes (PM) and DRMs were analyzed by 1D-TLC
before or after alkaline methanolysis. All lipids were stained with CuSO4, whereas ninhydrin was used to detect specifically lipids containing free
amino groups. The position of standards of a known identity is indicated at the left of each chromatogram. PA, phosphatidic acid; PI,
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enopile species, the oomycete S. monoica, and the occurrence
of important carbohydrate synthases in these detergent-insol-
uble membrane structures. In addition, the isolated DRMs
exhibit similar biochemical properties as lipid rafts in animal
cells. The relationship between DRMs and physiological lipid
rafts is currently debated (25, 41, 73). In particular, it is argued
that the formation of detergent-resistant structures may be
artificially induced by the nonphysiological experimental con-
ditions used for their preparation, i.e., the use of detergents at
4°C, and that populations of DRMs do not fully represent the
original in vivo lipid raft structures (41). It remains nonetheless
that the experimental isolation of DRMs based on the treat-
ment of membranes with Triton X-100 at 4°C reflects dif-
ferential affinities of specific sets of membranes proteins to
various lipid environments (41). Thus, the isolation and
composition analysis of DRMs is a valuable tool for under-
standing the interaction and function of membrane proteins
that segregate in membrane microdomains enriched in sterols
and sphingolipids (41).

The DRMs isolated from S. monoica are enriched in sphin-
golipids and sterols compared to total plasma membranes,
and their glycerophospholipids contain a higher proportion
(�65%) of saturated fatty acids. Thus, they exhibit the same
general lipid characteristics as DRMs from animal (66), plant
(6, 39, 49, 56), and yeast (34) cells but with differences in the
nature and relative proportions of specific fatty acids and lipids
from the sphingolipid and sterol families.

Consistent with the early suggestion that oomycetes should
be grouped with brown algae rather than with true fungi on the
basis of their sterol composition (13), the plasma membranes

and DRMs from S. monoica were devoid of ergosterol and the
corresponding unsaturated derivatives, which are the major
sterols of true fungi and products of the lanosterol pathway
(46, 72). None of the �5-sterols that are major sterols in DRMs
from higher plants, such as sitosterol and stigmasterol (6, 39,
49), were present in detectable amounts in the purified DRMs
from S. monoica. Instead, fucosterol, 24-methylenecholesterol,
and cholesterol, all products of the cycloartenol pathway (72),
were unequivocally identified as components of the oomycete
DRMs, together with a fourth unidentified sterol (Fig. 6). The
proportions between these four molecular species were
identical to those determined in the plasma membrane frac-
tion, suggesting that no selective sorting of the different
sterols occurs during the assembly of DRMs. Fucosterol was
the major sterol (�50%), followed by 24-methylenecholes-
terol (�34%), the unidentified sterol (�12%), and choles-
terol (�1%). An early study on various oomycete species dem-
onstrated the occurrence of comparable proportions of
fucosterol, 24-methylenecholesterol, and cholesterol in the to-
tal mycelium of the Leptomitales Apodachlyella completa (46).
In addition, similarly to S. monoica, A. completa did not con-
tain any detectable amount of desmosterol (46), which is the
direct unsaturated precursor of cholesterol. This is somewhat
expected, given the low proportion of cholesterol in both spe-
cies. Interestingly, none of the Saprolegniales analyzed in the
pioneering work of McCorkindale et al. (46) exhibited a sterol
composition similar to that of S. monoica. In particular, the
mycelium of other Saprolegniales contained up to nearly 75%
of either 24-methylenecholesterol or cholesterol (46). These
significant differences might be the result of a spontaneous
adaptation of different oomycete species to different environ-
ments and/or reflect phylogenetic evolution. However, it must
be kept in mind that variations in the composition of the
culture media used to grow the mycelia of the different species
might have an effect on the relative expression of the enzymes
involved in the biosynthetic sterol pathways and thus on the
observed sterol composition. In the case of our investigations
on S. monoica, the mycelium was grown on the synthetic me-
dium of Machlis (43), which is devoid of exogenous sterols.
Thus, unlike parasitic Peronosporales such as Pythium and Phy-
tophthora species, which are unable to epoxidize squalene and
consequently synthesize sterols (72), S. monoica is able to
produce its own pool of sterols without requiring any exoge-
nous sterol. This observation and the occurrence of fucosterol
in S. monoica are consistent with the cyclization of 2,3-oxido-
squalene to cycloartenol and thus with the biosynthesis of
sterols through the cycloartenol pathway in Saprolegniales (72).

Interestingly, our analyses revealed the occurrence of cer-

phosphatidylinositol; PS, phosphatidylserine; FA, fatty acids; St, sterols; CPE, ceramide-phosphorylethanolamine. (B) Analysis of the lipids from
plasma membranes (PM) and DRMs by 2D-HPTLC (staining with CuSO4). All lipids are abbreviated as in panel A or as defined in the text.
Question marks indicate unidentified lipids. (C) Analysis of the fatty acids in the glycerophospholipid fraction (pool of PC, PI, PS, LPE, and LPC)
of plasma membranes (�) and DRMs (u). The results are expressed as a percentage of the total fatty acids identified in glycerophospholipids from
plasma membranes and DRMs. The data from a typical experiment of five independent analyses are shown. In the case of fatty acids representing
	2% of the total fatty acids, the standard deviation did not exceed 50%; a maximum of 15% standard deviation was obtained for fatty acids
occurring in proportions higher than 2%. c, double bond with a cis configuration. The percentage of total saturated fatty acids in the glycero-
phospholipids from the plasma membrane was 35% as opposed to 65% in the DRMs. (D) Same as in panel C, but in the case of the fatty acids
present in the PE fraction. (E) 2D-HPTLC of methanolyzed lipids from DRMs stained with CuSO4; identical results were obtained with the lipids
from plasma membranes (not shown). Lipid abbreviations are as in panel A.

FIG. 5. Lipid/lipid and lipid/protein ratios in plasma membranes
(�) and DRMs (u) (mean values of three independent experiments).
St, sterols; PL, glycerophospholipids; SL, sphingolipids.
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amide phosphorylethanolamine in the DRMs from S. monoica.
This type of sphingolipid has been previously reported only in
a limited number of organisms, including Phytophthora and
Pythium species (50), the freshwater snail Sinotaia histrica (29),

and three genera of anaerobic Bacteroides (31). In the case of
oomycetes, two types of ceramide phosphorylethanolamine
containing either a common 16-carbon 1,3-diOH sphingoid or
an unusual 19-carbon branched triunsaturated sphingoid were

FIG. 6. GC-MS analysis of sterols from the purified DRMs. (A) Gas chromatogram of silylated sterols. (B) Identification of the sterol
derivatives separated in the chromatogram shown in A by electron impact mass spectrometry. The table presents the retention times (RT) and peak
numbers highlighted in A, as well as the m/z ratios of the characteristic ion fragments obtained by fragmentation of each sterol derivative.
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identified in total cellular lipid extracts (50). However, their
subcellular location was not determined, although it was
hypothesized that they are likely to occur in the plasma
membrane like most of the sphingolipids present in other
species (50). With the example of S. monoica, we demon-
strate that ceramide phosphorylethanolamines indeed occur
in the plasma membrane, in which they are more specifically
concentrated in microdomains that are resistant to deter-
gents (DRMs). Even though the function and physiological
significance of ceramide phosphorylethanolamine in DRMs
remain to be determined, it may be expected that such
sphingolipids contribute to the stabilization and physical
properties of DRMs and/or that they specifically interact
and stabilize proteins or protein complexes carrying a
DRM-specific biological activity.

The protein composition of DRMs reflects at least partially
the composition of physiological microdomains or lipid rafts.
Hence, the identification of the proteins in DRMs represents a
valuable approach toward the identification of the physiologi-
cal functions of lipid rafts. With this goal in mind, we have
undertaken the identification of the proteins in the purified
DRMs from S. monoica using an MS approach. This was,
however, hindered by the fact that there is currently no se-
quence database available for the species S. monoica. Thus,
only well-conserved proteins could be identified by screening
the partial EST databases currently available for other Sapro-
legniales (22), as well as the draft genomes of Phytophthora
ramorum and Phytophthora sojae (68). A more thorough pro-
teomic investigation on DRMs from Saprolegniales is thus de-
pendent on the future sequencing of the genomes of some of
the most representative and/or economically important species
such as, for instance, S. parasitica, Saprolegnia ferax, and S.
monoica.

Our analyses show that V-type ATPase subunits are present
in the DRMs from S. monoica. V-type ATPases are known
constituents of animal DRMs (21, 40) and, even though they
are primarily vacuolar in plants, there is evidence that they are
also present in the plasma membranes of plant cells (58, 60). In
addition, several recent reports have shown an enrichment of
V-type ATPases in DRMs from Arabidopsis thaliana (6), Nico-
tiana tabacum (51), and Medicago truncatula (39). Thus, the
occurrence of V-ATPases in DRMs seems to be a common
feature of animals, plants, and Saprolegniales. It remains, how-
ever, to determine the function of this type of ATPases in
DRMs. Another well-conserved protein, actin, was identified
in the DRMs from S. monoica. Since actin filaments are in-
volved in a wide range of cellular processes in which lipid rafts
are also presumably involved, such as for instance cell polar-
ization and cell surface processes including secretion and en-
docytosis, it is somehow expected that actin copurifies with
DRMs. This is further supported by the occurrence of this
protein in plant DRMs (51). In the latter case, it has been
proposed that lipid rafts are involved in cytoskeleton organi-
zation (49). A protein similar to Hsp70 is present in the puri-
fied DRMs from S. monoica. The possibility that this protein
arises from the cytoplasm as a free cytosoluble protein con-
taminating the DRM fraction cannot be completely ruled out.
However, the rather complex fractionation procedure used to
purify the DRMs, which is well adapted for the selective iso-
lation of membrane proteins, coupled with our extensive lipid

and structural analyses and the occurrence of other known
DRM-associated proteins in the preparation, strongly suggest
that the DRM fraction used is highly enriched in DRM-specific
proteins and devoid of free cytosoluble proteins. Hsps act as
molecular chaperones in various intracellular compartments
and, although these proteins do not exhibit transmembrane
domains and lack secretory signal sequences, accumulating
evidence in mammalian cells support the occurrence of some
members of the Hsp superfamily in the plasma membrane (10,
26). Lipid rafts have been shown to be involved in plasma
membrane delivery of Hsp, thus representing an alternative to
the classical exocytic pathway (10). In addition, membrane-
bound and secreted Hsp70 seems to be involved in processes
such as macrophage phagocytosis, immune response, and sig-
nal transduction, in some cases through their binding and in-
teraction with lipid rafts or raft-associated proteins (70, 71).
However, their detailed function and mode of action in plasma
membrane microdomains remain poorly understood. Interest-
ingly, Hsp70 proteins have also been recently identified in
plant DRMs (39, 51).

The purified DRMs from S. monoica contain several iso-
forms of a 35-kDa annexin. Recent work in our group has
demonstrated that one of the 35-kDa annexins from S.
monoica positively regulates (133)-�-D-glucan synthase activ-
ity (7). Thus, the presence of annexin isoforms in our DRM
fraction is also consistent with our novel finding that (133)-
�-D-glucan synthase is associated with DRMs. Interestingly,
annexins have also been shown to occur in DRMs from plant
cells (39). It is noteworthy that peptides arising from a putative
(133)-�-D-glucan (callose) synthase have been reported in
DRMs from tobacco cells; however, the percentage of se-
quence coverage does not exceed 10% (51), and the function
of the corresponding protein was not demonstrated. Alto-
gether, these results and observations support the novel con-
cept that DRMs similar to lipid rafts are involved in cell wall
polysaccharide biosynthesis and that at least one isoform of an
annexin is involved in the regulation of this process in S.
monoica.

Enzymatic assays performed on the purified DRMs from S.
monoica revealed that these structures contain carbohydrate
synthase activities. In particular, (133)-�-D-glucan and chitin
synthases were clearly enriched in the DRMs. Indeed, 72 and
60%, respectively, of the chitin and (133)-�-D-glucan synthase
activities originally present in the plasma membranes were recov-
ered in the purified DRMs, while only 14% of the total proteins
from the plasma membranes partitioned in the DRMs. The poly-
saccharides synthesized in vitro by the isolated DRMs were
characterized and unequivocally shown to be microfibrillar
(133)-�-D-glucan and chitin, respectively. The occurrence of
cell wall polysaccharide synthases in DRMs is consistent with a
role of lipid rafts in cell polarization and tip growth. Interest-
ingly, the involvement of lipid rafts in these cellular processes
has been demonstrated in other eukaryotic microorganisms
such as Saccharomyces cerevisiae and Candida albicans (2, 3,
45). By analogy with the situation in yeast (2, 3, 45), we pro-
pose here that lipid rafts in S. monoica are involved in protein
targeting, tip growth, and hyphal polarization. The involve-
ment of lipid raft in apical elongation is consistent with the
occurrence of cell wall carbohydrate synthases, namely, (133)-
�-D-glucan and chitin synthases, in the DRMs from S.
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monoica. It is noteworthy that beyond the case of eukaryotic
microorganisms, animal rafts have also been proposed to be
involved in cell polarization processes and to function as sort-
ing platforms for plasma membrane proteins (28, 59, 63, 66).

Cellulose synthase assays in DRMs revealed the absence of
detectable activity. The most direct explanation for this result
is that cellulose synthase is not located in DRMs. In this case,
and given the fact that lipid rafts are most likely involved in cell
polarization and tip growth, cellulose synthase would not be
delivered to the apex by lipid rafts. As a consequence, it can be
expected that it would not significantly contribute to the bio-
synthesis of cell wall polysaccharides in the fast-growing hyphal
tip, unless the enzyme is delivered to this active zone of the
mycelium by the classical secretion pathway that does not in-
volve lipid rafts. The hypothesis that cellulose synthase activity
is either low or absent at the apex of the growing mycelium is
supported by the earlier observation in the oomycete Achlya
bisexualis (a species closely related to S. monoica) that the
newly synthesized cell wall at the elongating apex of hyphae
lacks microfibrillar cellulose (65). In addition, since (133)-�-
D-glucan is present at the apex of the hyphae of A. bisexualis
(64), it has been proposed that this polysaccharide is synthe-
sized before cellulose in the elongating apical zone (65). This
is in good agreement with our finding that (133)-�-D-glucan
synthase activity is present in membrane microdomains, which
are most likely polarized to the apical zone where cell wall
polysaccharide biosynthesis is quantitatively more important
than in the rest of the hyphae. Interestingly, even though chitin
synthase activity is present in the mycelium of S. monoica, the
total amount of chitin in the walls of the mycelium does not
exceed 1% of the total cell wall carbohydrate content (15). This
raises the question of the role of chitin biosynthesis in Sapro-
legniales. A possible answer to this question is provided by our
discovery that chitin synthase activity occurs in DRMs and thus
that it is most likely involved in cell wall polysaccharide bio-
synthesis at the tip of the mycelium where lipid rafts are pro-
posed to be polarized. The delivery of active chitin synthase to
the apical zone by polarized lipid rafts might transiently com-
pensate for the absence of cellulose synthesis in this part of the
elongating cell. Although the above hypothesis is quite attrac-
tive in terms of mechanisms of hyphal growth and morphogen-
esis, we cannot rule out at this stage the possibility that cellu-
lose synthase, which is known to be a highly unstable complex
(18, 36), is in fact located in lipid rafts, together with (133)-
�-D-glucan and chitin synthases, but that it is inactivated dur-
ing the preparation of DRMs.
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and J. Lipman. 1997. Gapped BLAST and PSI-BLAST: a new generation of
protein database search programs. Nucleic Acids Res. 25:3389–3402.

2. Bagnat, M., and K. Simons. 2002. Cell surface polarization during yeast
mating. Proc. Natl. Acad. Sci. USA 99:14183–14188.

3. Bagnat, M., and K. Simons. 2002. Lipid rafts in protein sorting and cell
polarity in budding yeast Saccharomyces cerevisiae. Biol. Chem. 383:1475–
1480.

4. Baldauf, S. L., A. J. Roger, I. Wenk-Siefert, and W. F. Doolittle. 2000. A
kingdom-level phylogeny of eukaryotes based on combined protein data.
Science 290:972–977.

5. Bligh, E. G., and W. J. Dyer. 1959. A rapid method of total lipid extraction
and purification. Can. J. Biochem. Physiol. 37:911–917.

6. Borner, G. H. H., D. J. Sherrier, T. Weimar, L. V. Michaelson, N. D.
Hawkins, A. MacAskill, J. A. Napier, M. H. Beale, K. S. Lilley, and P.
Dupree. 2005. Analysis of detergent-resistant membranes in Arabidopsis.
Evidence for plasma membrane lipid rafts. Plant Physiol. 137:104–116.

7. Bouzenzana, J., L. Pelosi, A. Briolay, J. Briolay, and V. Bulone. 2006. Iden-
tification of the first oomycete annexin as a (133)-�-D-glucan synthase
activator. Mol. Microbiol. 62:552–565.

8. Bradford, M. M. 1976. A rapid and sensitive method for the quantitation of
microgram quantities of protein utilizing the principle of protein-dye bind-
ing. Anal. Biochem. 72:248–254.

9. Briskin, D. P., R. T. Leonard, and T. K. Hodges. 1987. Isolation of the
plasma-membrane: membrane markers and general principles. Methods En-
zymol. 148:542–558.

10. Broquet, A. H., G. Thomas, J. Masliah, G. Trugnan, and M. Bachelet. 2003.
Expression of the molecular chaperone Hsp70 in detergent-resistant mi-
crodomains correlates with its membrane delivery and release. J. Biol. Chem.
278:21601–21606.

11. Brownfield, L., K. Ford, M. S. Doblin, E. Newbigin, S. Read, and A. Bacic.
2007. Proteomic and biochemical evidence links the callose synthase in
Nicotiana alata pollen tubes to the product of the NaGSL1 gene. Plant J.
52:147–156.

12. Bruno, D. W., and B. P. Wood. 1999. Saprolegnia and other oomycetes, p.
599–659. In P. T. K Woo and D. W. Bruno (ed.), Fish diseases and disorders,
vol. 3. CABI Publishing, Wallingford, Oxon, United Kingdom.

13. Bu’Lock, J. D., and A. U. Osagie. 1976. Sterol biosynthesis via cycloartenol
in Saprolegnia. Phytochemistry 15:1249–1251.

14. Bulone, V., G. B. Fincher, and B. A. Stone. 1995. In vitro synthesis of a
microfibrillar (133)-�-glucan by a ryegrass (Lolium multiflorum) endosperm
(133)-�-glucan synthase enriched by product entrapment. Plant J. 8:213–
225.

15. Bulone, V., H. Chanzy, L. Gay, V. Girard, and M. Fèvre. 1992. Character-
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